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41.1 INTRODUCTION

Fluorescent analogue cytochemisiry has grown to
produce important insights in a wide variety of fields
since 1978, when it was first demonstrated that a
protein labelled with a fluorescent dye could function
and be investigated within living cells (Taylor &
Wang, 1978). The fluorescein-actin used in the first
experiments exemplified an approach to analogue pro-
duction which has been used in the large majority of
studies to date. Almost all analogues have been made
with dyes whose fluorescence is minimally affected by
the intracellular environment, thus focusing on ana-
lysis of the analogue’s distribution within live cells.
Meaningful information has been obtained through
adherence to several important principles (Taylor &
Wang, 1980; Taylor e al., 1984; Simon & Taylor,
1986; Wang, 1989). Chief among these has been care-
ful in vitro characterization of the labelled protein
prior to interpretation of live cell data (Wang &
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Taylor, 1980). Minimal perturbation of the analogues’
biological function has been sought during labelling,
and the effects of dye attachment have been carefully
determined. Furthermore, the smallest possible quan-
tity of analogue has been injected to avoid alteration
of normal celi function.

Environmentally insensitive fluorescent analogues
of many different proteins have been successfully
observed in live cells. Examples include analogues of
actin-binding proteins (myoin, vinculin, a-actinin),
which have revealed complex changes in the cyto-
skeleton during a number of physiological processes
(Wang ef al., 1982; Kreis & Birchmeier, 1982; Simon
& Taylor, 1986; Kolega & Taylor, 1991). Labelled
tubulin has shown the location and extent of tubulin
exchange in the mitotic spindle, thus testing different
models of spindle function {(Salmon et af, 1984;
Wadsworth & Salmon, 1986; Gorbsky et al., 1987}
Calmodulin analogues have revealed the changing
distribution of calmodulin during mitosis, and indi-
cated transient calmodulin association with various
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subcellufar  organeiles (Zavortink e af, 1983;
Luby-Phelps et al., 1985). A recent addition to this
family of probes have been protein analogues labelled
with ‘caged’ fluorophores, whose fluorescence is acti-
vated by irradiation (Ware ef al., 1986; Mitchison,
1989; - Theriot & Mitchison, 1991). This approach
has permitted the marking of a subpopulation of
analogues for temporal-spatial tracing at high con-
trast (Mitchison, 1989; Theriot & Mitchison, 1991).

More recently, the first representatives of a new
family of fluorescent protein analogues have been
developed using environmentally sensitive fluoro-
phores, as proposed earlier (Taylor & Wang, 1980).
These analogues have served as indicators of protein
activity, in that the attached dye reflected conforma-
tional changes or altered ligand binding by the pro-
teins. An environmentaliy sensitive dye has been used
to make an analogue of calmodulin whose fluores-
cence reflects calcium-calmodulin binding (Hahn et
al., 1990). This analogue has been used in conjunction
with a fluorescent calcium indicator to correlate the
spatial and temporal dynamics of calcium transients
and calium-calmodulin binding in individual, living
cells. Details of these studies are described below.
Resonance energy transfer between two fluorophores
has been applied in an alternate approach to fluores-
cent sensing of protein activity. Energy transfer is
strongly affected by protein changes that alter the
distance between donor and acceptor dyes. The
approach has been used to monitor actin polymeriza-
tion in vitro (Taylor et al., 1981; Wang & Taylor,
1981). When mixed fluorescein-actin and rhodamine-
actin monomers were brought in proximity during
polymerization energy transfer increased dramati-
cally. More recently, the catalytic and regulatory sub-
units of protein kinase A have been labelied with
fluorescein and rhodamine (Adams er al., 1991). Dis-
sociation of the subunits by cAMP was observed in
live cells as a decrease in energy transfer.

In our laboratory, we are harnessing environmen-
tally sensitive and insensitive protein analogues to
decipher the mechanics and regulation of cell motility.
We will describe here our efforts to use fiuorescent
analogue cytochemistry in elucidating the mechan-
isms by which extraceltular stimuli induce cell con-
traction and initiation of motility. Our aim is to define
the often rapid changes in second messengers involved
in this process, and their effects on the dynamics of
contractile proteins in time and space during cell
function.

In the currently established paradigm of stimulus-
contraction coupling in non-muscle cells (for reviews
sec McNeil & Tavlor, 1987; Sellers & Adelstein, 1987},
hinding of ligands to external receptors leads to intra-
cellular production of lipid metabdlites- and altera-
tions in the concentration and distribution of
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calcium. We are initially focusing on subsequent reg-
ulatory steps involving modulation of the calcium
signal through calmodulin and myosin light chain
kinase. Caicium binding to caimodulin enables
calmodulin to activate myosin light chain kinase,
which phosphorylates myosin II regulatory light
chains. This phosphorylation activates myosin for
contraction.

We will describe protein-based fluorescent indica-
tors {optical biosensors) for observation of individual
signalling steps in this process. The production and
application of fluorescent analogues used as bio-
sensors of calcium-calmodulin binding will be
described, as will progress towards indicators of myo-
sin light chain phosphorylation. The use of fluores-
cent analogues of actin and myosin to study the
dynamics of contractility will also be described.

We study serum stimulation of guiescent fibroblasts
(McNeil & Taylor, 1987) and a “wound healing’ model
in which a gap 1s introduced in a monolayer of fibro-
blasts using a blunt razor blade (DeBiasio er al., 1988;
Fisher er al., 1988). Fibroblasts at the edge of this
‘wound’ migrate into the gap. In these systems, the
timing of stimulation can be contrelled, and during
wound healing, polarized movement occurs with a
predetermined orientation. Cells are observed with a
multimode microscope imaging system that permits
rapid switching between transmitted light microscopy
and various forms of fluorescence microscopy using
different detectors and excitation and emission filters
(Giuliano ef al., 1990).

41.2 MEROCAM | AND 2:
FLUOQORESCENT INDICATORS OF
CALCIUM-CALMODULIN BINDING

Fluorescent calcium indicators have been invaluable
in elucidating the kinetics and intraccllular distribu-
tion of calcium transients during a wide range of
cellular processes (Tsien, 1989). However, subscquent
signalling steps have to date remained inaccessible to
observation irn vivo. We have designed a fluorescent
indicator of calcium—calmodulin binding which we
are now using to correlate intracellular calcium
changes with calmodulin activation during growth
factor stimulation of quiescent fibroblasts (Hahn ef
al., 1990). We are correlating the spatial and temporal
dynamics of calcium changes and calcium-calmodulin
binding. Biochemical evidence indicates that calmo-
dulin’s calcium response will depend on its intracellu-
lar environment. Calmodulin’s calcitum affinity is
affected by target proteins (Cohen & Klee, 1988),
and calmodulin binds to different targets at different
calcium levels (Andreason ef al., 1983; Cohen & Klee,
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1988). Changing subcellular distribution of calmo-
dulin sgen in previous studies using environmentally
insensiiive fluorescent analogues supports regulation
of calmodulin by factors in addition to calcium
{Pardue et ail., 1981; Zavortink ez al., 1983; Luby-Phelps
et al., 1985).

We have designed our indicators of calcium-—
calmodulin binding on the basis of previous bio-
chemical studies which show that calmodulin—calcium
binding produces a hydrophobic site on calmodulin
with affinity for specific small molecules (L.aPorte et
al., 1980, 1981: Malencik et al., 1981: Manalan &
Klee, 1984; Cohen & Klee, 1988). Structure-activity
studies enabled synthesis of a novel dye with both
highly solvent-sensitive fluorescence and strong affi-
nity for calmodulin’s calcium-induccd hydrophobic
binding site. Through affinity labelling, this dye was
covalently attached to calmodulin in a position where
it would have access to the calcium-induced hydro-
phobic pocket. Whenever calcium bound calmodulin,
the solvent-sensitive dye moved into the hydrophobic
pocket, with a consequent shift in fluorescence. The
fluorescence change was shown to be fully reversible
on removal of calcium. We named the calcium-
calmodulin binding indicator meroCaM 1, for mero-
cyanine dye + calmodulin.

Spectral characterization of meroCaM 1 showed
that its excitation spectrum changed in both intensity
and peak shape in a calium-dependent manner. The
spectral changes were suitable for ratio imaging, an
important technique used to normalize fluorescence
of analogues in the cell for differences in cell
thickness, excitation intensity, and other factors
(Tanasugarn et al, 1984; Bright er al., 1989). The
excitation ratio varied sigmoidally with calcium, and
showed an overall 3.4-fold change. Unlike other
solveni-sensitive fluorophores, the dye used in mero-
CaM 1 was designed specifically for use in live cells.
Optimum excitation ratios were obtained at 532 and
608 nm (emission 623 nm), long wavelengths which
do not cause photodamage of cells and are far from
the autofluorescence of mammalian cells. The dyes
had high absorbance and quantum yield wvalues,
decreasing the amount of infracellular protein analo-
gue required to obtain acceptable fluorescence signal.

In order to apply meroCaM 1 to study regulation of
calmodulin activity, it was important to characterize
the analogue’s target protein binding, and to show
that the effects of target proteins on calcium affinity
remained intact, MeroCaM 1 was shown te retain
calmodulin’s ability to activate myosin light chain
kinase, a calmodulin iarget protein. It also showed
calcium-dependent mobility on native and SDS gels.
Known effects of melittin and ¢cAMP-phosphodiester-
asc on calcium affinity were also observed in
meroCaM 1.

The calcium-induced change in meroCaM 1 fluor-
escence was half maximal at 0.3-0.4 pm, below the 5-
10 umM apparent dissociation constant reported for
overall calcium-—calmodulin binding (Klee, 1988).
This could have resulted from the dye stabilizing cal-
modulin’s calcium-bound form, thus affecting the cal-
cium binding constant. Alternately, the dye could
have been positioned on the protein where it would
reflect primarily binding to the high-affinity calcium
sites. These possibilities were distinguished by com-
paring the calcium dependence of meroCaM 1 and
calmodulin cAMP-phosphodiesterase activation. The
simifar behaviour of the two proteins in this assay
indicated that meroCaM | fluorescence reflected bind-
ing to high-affinity calcium sites. The effect of cAMP-
phosphodiesterase binding on calmodulin’s calcium
affinity remained intact in meroCaM. The assay did
show that meroCaM’ maximal activation or affinity
for the phosphodiesterase was somewhat reduced
from that of calmodulin,

In order to assay the effect of target protein binding
on meroCaM 1 fluorescence, the calcium dependence
of the excitation ratio was determined in the presence
and absence of melittin, a peptide mimic of target
proteins’ calmodulin binding sites (Comte er al,
1983; Maulet & Cox, 1983; Cox ef af., 1985; Secholzer
er al., 1986). These experiments showed that the high
and low excitation ratio values, produced at extremes
of calcium concentration, were altered by melittin.
Although this will complicate quantitation of the
extent of calcium-calmodulin binding, quantitative
analysis of binding kinetics should not be affected.

We have begun testing meroCaM 1 in live cells. The
analogue has shown sufficient brightness and photo-
stability to obtain greater than 10 ratio pairs, and has
shown no apparent toxic effects or alteration of cell
physiclogy. In our preliminary studies, meroCaM 1
has been injected in Swiss 3T3 fibroblasts made quies-
cent by 48 h incubation in low serum medium. Pub-
lished studies and our own work have shown that
these cells respond io whole serum with a rapid and
transient upsurge in intracellular calcium (Byron &
Villereal, 1989; Tucker & Fay, 1990; Takuwa ef al,,
1991; McNeil er al., 1985; Taylor, DeBiaiso & Hahn,
(pers. commun.)}). When the cells containing mero-
CaM 1 were challenged with whole serum, the intra-
cellular meroCaM 1 excitation ratic increased 10-15%
within 1 min and then returned to baseline over a
period of several minutes. The filters used to excite
and monitor the analogue’s fluorescence have not
been aptimized, so it is anticipated that greater Buor-
escence responses will ultimately be obtained.
Mapping of meroCaM 1 respeonse within individual
cells “indicated spatial heterogeneity of catmodulin
activation. -

We have also developed new dyes in an effort to




improve meroCaM 1, and have found that substitu-
tion of a benzoxazole moiety for benzothiazole in the
meroCaM 1 dye results in a strong enhancement of
fluorescence response. The new dye has been attached
to ¢calmodulin to produce a protein analogue which we
call meroCaM 2. The excitation ratio of this indicator
shows a 7-fold calcium-dependent change in excita-
tion ratio {excitation 457, 569 nm; emission 587 nm).
In preliminary studies, the indicator has been injected
in quiescent Swiss 3T3 fibroblasis together with the
fluorescent calcium indicator, Calcium Green (Plate
41.1) (Molecular Probes, Eugene, OR). Stimulation of
the cells with whole serum caused a rapid increase in
caleium to maximal levels within 1 min, followed by a
decrease which sometimes showed smaller additional
maxima. The response of MeroCaM 2 to these cal-
cium changes was quite complex. MeroCaM response
generally also reached its maximum {(up tc 80%
increase) within the first minute after stimulation,
but afterwards sometimes paralfeled calcitm changes
and sometimes underwent independent oscillations.

The correlation of calcium-calmodulin binding
with calcium changes in living cells now appears to
be within reach. We hope to extend the approach we
have developed to produce indicators of calmodulin
binding to target proteins. Published studies indicate
that sensitivity of fluorescent calmodulin derivatives
to calcium vs. protein binding is strongly dependent
on dve structure and the position of dye attachment
(LaPorte et al., 1981; Mills er al., 1988). We will test
new dyes and explore the use of site-specific mutagen-
esis to intreduce cysteines for attachment of dye at
precise posifions.

41.3 FLUORESCENT ANALOGUE OF
MYOSIN II

The simplest form of fluorescent analogue is one
whose fluorescence is insensitive to configuration
and local environment. Such analogues act as direct
reporters of a molecule’s distribution and movements.
A variety of clever biophysical and optical techniques
have been used to parlay this simple information into
local chemical concentrations, state of molecular
assembly, diffusion constants, and a number of other
detailed analyses of molecular dynamics at a subcel-
lular fevel. As an example of some of these applica-
tions, we will discuss fluorescent analogues of myosin
II that have been produced to visualize directly the
dynamics of myosin If during cell movement in single,
living Swiss 3T3 fibroblasts.

Smooth muscle myosin II iselated from chicken
gizzard was labelled with tetramethyl rhodamine
iodoacetamide (DeBiasio et al.,, 1988), The dyve was
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covalently bound to both the myosin II heavy chain
and the 17 kDa light chain, leading to incorporation
of 4-6 mol dye per mol protein, Before performing in
vivo studies, it was essential to establish the biological
activity of the analogue through careful biochemical
characterization. The analogue was shown to retain
native myosin II's ability to assemble into filaments as
measured by right-angle light scattering (Fig. 41.1),
and both labelled and unlabelled filaments were de-
potymerized by 5 mm ATP. Fluorescent labefling did
not affect the analogue’s K-EDTA ATPase activity.
Labelled and native myosin II were phosphorylated to
the same extent and at the same rate by chicken giz-
zard myosin Hight chain kinase (Fig. 41.2).

The positions of dye attachment on the heavy
chain were determined using the papain digestion
procedure of Nath et al., (1986). One fluorophore
was located in the 70 kDa N-terminat portion of myo-
sin IT’s 81 region, and another in the S2 region. No
fluorophore was detected in the 25 kDa C-terminal
portion of the Sl head. Modification at the latter
site has been shown to cause elevation of actin-acti-
vated MgATPase activity in unphosphorylated myo-
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Figure 41.1 Myosin II and rhodamine-myosin I polymeriza-
tion. The abilities of myosin II and its rhodamine analogue
to polymerize were measured by righf-angle light scattering
using the procedure of McKenna er al. (198%). Uniabelled
myosin and rhodamine-myosin 11 were dialysed into 500 mm
KCL 0.1 mm EDTA, 0.1 mm EGTA, 10 mm HEPES, pH 7.5.
Dialysates were clarified by centrifugation and the concen-
trations measured spectrophotometrically using an extinc-
tion coefficient of E280 = 0,53 em™' (0.1%), correcting for
280 nm absorbance due to dye in the case of rhodamine-
myosin I The myosins were diluted 12-fold into an assembly
buffer containing 150 mwy KCl, 10 mm MgCl,, | mMm EGTA,
0.1 mm DTT, 10 mm HEPES, pH 7.5 at room temperature.
Scattered light intensities were measured at 340 nm using a
Perkin-Elmer MPF-3 fluorescence spectrophotometer. To
test the sensitivity of the filaments to ATP, the assembly
mixtures were made 5 mm in ATP and the measurements
were repeated.




558 K. Hahn et al.

&)
F4 60 4
@
[
-«
-
™
-3
=] 48
=
B
w
=}
=
B
® 20 1

—O0—  Mpyusin
—®— Rhod.-myesin
(L T T v
1] 20 40 50 80
MINUTES

Figure 41.2 Phosphorylation of myosin II and rhodamine-
myosin H. Myosin I or thodamine-myosin II (c. 4 mg ml™Y
were phosphorvlated at room temperature in a mixture
containing 25 mm Tris-HCl, 4 mm MgCl,, ! mm ATP,
15 pg ml™! bovine brain calmodslin, and CaCl, 0.2 mm in
excess of EGTA, pH 7.5. The reaction was started by the
addition of 0.6 ug ml " smooth muscle MLCK in 1 mg ml™*
BSA in Tris. Aliquots of 20 ul were removed at intervals, and
the reaction was terminated by dilution. Samples were run on
glycerol-urea polyacrylamide gels (Perrie & Perry, 1970). The
phosphorylated and dephosphorylated 20 kDa light chain
bands were stained with Coomassie blue dye and the relative
amounts of each were quantified by densitometry. The rate of
phosphorylation was slightly higher for the unlabelled myo-
sin, but this was due to the presence of endogenous kinase
which had been eliminated from the rhodamine-myosin II
during postiabelling purification.

sin II, and to hinder myosin II's ability to adopt a
folded conformation (Chandra er al., 1985). A gel
filtration assay {Trybus ef af., 1982) indicated that
folding was unaffected by labelling (Fig. 41.3).
Actin-activated MgATPase activity was decreased by
0—40% (Table 41.1). In the absence of actin, the label-
ling had no effect on this activity.

After biochemical characterization, the analogue
was injected into living Swiss 3T3 fibroblasts (DeBia-
sio et al., 1988), where it permitted direct visualization
of myosin II dynamics. Fluorescent myosin 11 became
distribuied throughout the cell within 1 h after injec-
tion, incorporating into the same structures and
displaying the same periodic, ‘pseudosarcomeric’
distribution revealed by immunofluorescence staining
of endogenous myosin I1 (Fig. 41.4) (DeBiasio ef al.,
1988; McKenna et a/., 1989). Unlike immunofluores-
cence experiments, use of the analogue permitted
ohservation of myesin 1T dynamics over extended
periods of time, and time-lapse studies revealed that
myosin 1 was very dynamic. In fibroblasts made
guiescent by serum deprivation, myosin II assembled
into stress fibres at the cell margins, moved centri-
petally toward the nucleus, and then disassembled in

the perinuclear region, presumably recycling to reas-
semble at the periphery (Giuliano & Taylor, 1990).
The intracetlular movements of myosin I have also
been examined during amoeboid locomotion of
endothelial cells (Kolega, 1997) and during cytokin-
esis {Sanger et al., 1989; DeBiasio et af., 1996) using
similar microinjected fluorescent analogues. Further-
more, by preparing fluorescent analogues using myo-
sin II from different tissues, it is possible to generate
isoform-specific analogues (Kolega, 1998). When
these analogues are labelled with spectrally distinct
fluorophores, the dynamic behaviour of different
myosin If isoforms can be monitored simultaneously
within the same cell.

Dynamic imaging of fluorescent analogues of myo-
sint I has helped elucidate the nature of actin—myosin
contractility in living cells. Stimulation of fibroblasts
by serum or growth factors causes shortening of stress
fibres with concomitant shortening of the pseudo-
sarcomeric spacing (Giuliano & Taylor, 1990). These
observations supported a sliding filament model of
fibre shortening, as did quantitative analysis of the
fibre shortening induced by cytochalasin, an actin-
solating agent (Kolega et 4/, 1991). The amount of
fluorescence associated with stress fibres during cyto-
chalasin-induced shortening was measured by inte-
grating the intensity of digital images. The density of
the analogue along fibres increased as the fibres
shortened, indicating that myosin II became more
concentrated during shortening. The fotal analegue
associated with the fibre decreased during shortening,
indicating a significant loss of myosin II from the
shortening fibre, This partial ‘self-destruct’ process is
an important component of the solation—contraction
coupling hypothesis (Taylor & Fechheimer, [982;
Kolega et al., 1991). Thus, the use of a myosin IT
fluorescent analogue enabled demonstration of a basic
mechanism of cell contractility in vive.

The ability to follow myosin IT dynamics in living
cells has also iltluminated how contractile structures
are regulated and distributed in the cytoplasm. It has
been shown in vitro and in extracted cell models that
myosin Il assembly and motor activity can be
regulated by phosphorylation of myosin II's 20 kDa
regulatory light chain (Sellers & Adelstein, 1987,
Lamb et af., 1988). Fluorescent analogues of myosin
II revealed changes in myosin II organization in vive
when light-chain phosphorylation was increased or
decreased by inhibitors of intracellular phosphatases
and kinases. When serum-deprived 3T3 fibroblasts
were treated with okadaic acid, a phosphatase
inhibitor, stress fibres contracted slowly, but incom-
pletely (Fig. 41.5). In contrast, staurosporine, a kinase
inhibitor, caused dissolution of fibres without short-
ening {Fig. 41.6). The dissolution of fibres could be
quantified using the fluorescence images of the myosin
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Figure 41.3 Chromatographic assay of ionic strength-dependent myosin IT and rhedamine-
myosin II conformational change. A 1.5 % 90 cm Sepharose CL-4B column was equili-
brated in low salt buffer {150 mm KCl, 5 mm MgClo, 1 mm EGTA, 10 mm K,,PO4, 1 mm
MgATP, pH 7.5) at a flow rate of 6 ml h™! maintained using a peristaltic pump. The
column was calibrated with proteins 1gG, IgM, and BSA. The void and included volumes
were determined wusing Blue dextran 2000 and bromophenol blue, respectively. After
dissolving in buffer, myosins were clarified by centrifugation. Fractions of 27 drops (160
fractions total) were collected. The column was then equilibrated in high salt buffer
(600 v KC1, 5 mm MgCly, 1 mm EGTA, 10 mM K, P04, pH 7.5) and the procedure
repeated. Proteins in low salt were detected by fluorescence, and in high salt by absorbance.
The elution volumes of the IgG, IgM, BSA, Blue dextran 2000, and bromophenol blue did
not change significantly with ionic sirength. Thus, both labelled and unlabelled myosins

exhibited phosphate-dependent folding and unfolding.

II analogue, and this measurement revealed a dose-
dependent loss of fibres that correlated extremely well
with dephosphorylation of myosin light chains
(Kolega ef al., 1993). These observations are consis-
tent with regulation of fibre assembly and contraction
through myosin phosphorylation.

One area in which fluorescent analogues provide
unique capabilities is in assessing spatial variations
in the state of assembly and local concentration of
cytoplasmic proteins. A striking example was pro-
vided when fluorescent actin and myosin analogues
were co-injecied into the same cell and the relative
distribution of the two proteins followed during easly
stages of locomotion (DeBiasio et al., 1988). To cor-
rect for subcellular differences in accessible volume
and optical pathlength, actin and myosin 1F fluores-
cence were normalized to inert fluorescence volume
indicators (dextran labelled with fluorescein). Newly

formed cellular protrusions contained an elevated
concentration of actin and very little or no myosin
I1. No well-defined structures were detected in the
protrusions by fluorescence or video-enhanced
contrast microscopy. - Within 1-2 min, well-defined
actin- and myosin I[I-containing structures were
detected in the same protrusion, together with diffuse
actin and myosin II. Thus, initial protrusive activity
involved a local, relative increase in actin concentra-
tion, and did not appear to require structures contain-
ing myosin II.

The state of assembly of actin and myosin II in
various regions of locomoting cells can be examined
by a number of different approaches using fluorescent
analogues. Fluorescence recovery after photobleach-
ing (FRAP) is perhaps the most elegant of these. In
this method, a laser is used to bleach a small region of
the analogue in a cell, then the rate at which fluores-
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Table 41.1 Myosin IT and rhodamine-myosin IT
ATPase activity.

Mg ATPase

K-EDTA —Actin +Actin

Myosin 381 <{0.1 0.4
Myosin-PO4 — 3.1 27
Rhodamine-myosin 372 0.3 0.3
Rhodaming-myosin-PO4 - 37 22

Activities were measured at 25°C using the procedure of Sellers
et al. (1981). K-EDTA activity was measured in a mixture
containing 500 mum KCL1 mm ATP, 2 mm EDTA, 15 mm
Tris-HCI, and 45-90 nm myosin, pH 7.5. MgATPase activity
was measured in 30 mam KCL, 5 mm MgCly, 1 ma ATP, 0.1 mmt
EGTA, and 15 mm Tris, pH 7.5, using 540 nwM myosin. For
actin activation, actin was added at a concentration of

0.3 mg mi~!. Myosins were phosphorylated using the
procedure described in Fig. 41.3, except that ATP was
replaced with adenosine 5'-O-(3—thi0tri[l)hosphate). ATP
hydrolysis rates are given as nmol min~ mg .

cence Is restored by diffusion of molecules from out-
side the photobleached spot is measured. In FRAP
studies of locomoting fibroblasts, myosin IT analogue
had essentially no translational mobility in regions
near the leading edge, in contrast to a 79% mobile
fraction in the perinuclear region (DeBiasio ef al.,
1988; Kolega & Taylor, 1991). Thus, myosin II was

Figure 41.4 Fluorescent images of rhodamine-myosin If and
rhodaming-myosin 20 kDa light chain analogues in Swiss
373 fibroblasts. Left: light chain analogue. Right: myosin
IT analogue, These cells are represeniative of a motile popu-
lation 3-6 h after wounding. The arrows point in the direc-
tion of migration. Both analogues are distributed in a
periodic, ‘semisarcomeric’ pattern.

not readily available for diffusion into a protrusion
gven though it was present at the protrusion’s base
and in areas within the leading edge. Active transport
may be required to mobilize myosin II into established
protrusions, possibly by molecular interactions with
actin in the protrusion. The increase in myosin II
mobility in the perinuclear region is consistent with
disassembly of myosin II, and a similar perinuclear
increase in myosin II mobility was observed in serum-
deprived fibroblasts, where fibres are continuously
assembled at the cell periphery, transported centripe-
tally, and disassembled in the perinuclear cytoplasm
{Kolega & Taylor, 1991).

FRAP measurements are restricted to a small num-
ber of small spots within any given cell. Much more
extensive maps of assembly can be obtained by follow-
ing the redistribution of an analogue when the cell is
lysed with mild detergent. Freely diffusing material
perfuses away from the cell, while material that is
associated with structural elements remains in place.
Comparison of pre- and post-permeabilization images
reveals the proportion of bound material at any point
in the cell. This approach has revealed a gradient in
the assembly of myosin II across locomoting fribro-
blasts {Kolega & Taylor, 1993) and endothelial cells
(Kolega, 1997). Myosin II was found to be extensively
associated with the cytoskeleton at the base of the
cells’ leading protrusions, even when discrete fibrous
structures were not apparent by fluorescence micro-
scopy. Verkhovsky ef al. (1995 followed the exact
distribution of a myosin Il analogue at high magnifi-
cation to verify that the distribution of myosin
I-containing structures was preserved during per-
meabilization and extensive post-permeabilization
treatments. This allowed them to perform subsequent
electron microscopic studies that have identified here-
tofore unknown forms of myosin II organization in
non-muscle cells.

An additional trick allows one to infer the state of
assembly of an analogue without permeabilizing (and
stopping the movement of) cells. This entails compar-
ing the distribution of the analogue with an inert,
fluorescent tracer of the same size, which serves as
an indicator of the volume that is accessible to the
analogue. The extent to which the functional analogue
becomes locally concentrated relative to the volume
indicator can reveal when and where the analogue is
binding or assembling in the cytoskeleton. Ratic
images comparing the distribution of an assembly-
competent analogue of myosin II with an assembly-
incompetent counterpart confirmed the spatial varia-
tions in myosin II assembly revealed by FRAP and
detergent-permeabilization (Kolega & Taylor, 1993).
Actin assembly can be visualized in a similar fashion
(Giuliano & Taylor, 1994). Thus, time-lapse, ratio
imaging can produce dynamic maps of structural
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Figure 41.5 Myosin contraction iz fibroblasts after treatment with phosphatase inhibitor. Quiescent, serum-deprived Swiss
3T3 fibroblasts were treated with a 400 nM solution of okadaic acid, a phosphatase inhibitor. Images were acquired with a
cooled CCD camera at 2.5 min intervals. Small arrows identify selected myosin labelled fibres. (a) Myosin labelled fibres were
distributed throughout the quiescent cell, displaying a relatively uniform punctuate distribution, (b) 25 min, (¢) 40 min,
(d) 55 min after okadaic treatment. Myosin-labelled fibres contracted from the cell periphery towards the mucleus over time.

The cell edges detached from the substrate and retracted.

components as they assemble and disassemble in
living cells.

Understanding how different myosin motors move
within living cells should greatly facilitate our under-
standing of the mechanisms of cell locomotion. This
is particularly true as we attempt to unravel the func-
fions of myosin II and the ever-growing family of
unconventional myosins {for reviews, see Mooseker
& Cheney, 1995; Sellers et ai., 1996). The use of fluor-
escent analogue cytochemistry in this effort has
recently been revelutionized by the cloning of green
fluorescent protein (GFP). The portion of the GFP
molecule that is required for fluorescence can now be
engineered into proteins to give them an integral
fluorescent tag. While the large size of the fluorescent

GFP piece (20-30 kDa) can potentially disrupt a pro-
tein’s normal function, if carefully engineered and
tested, GIP-analogues can be extremely powerful
tools. A GFP-myosin fusion protein has been shown
to maintain its ATPase activity (Iwane ef al., 1997),
and a GFP sequence has been spliced into the heavy
chain of myosin II in Dictyostelium (Moores ef al.,
1996}, creating an organism in which endogenous
myosin II can be monitored by fluorescence micro-
scopy, in any cell at any time, and without microinjec-
tion. These new tools, in conjunction with the existing
analogues of myosin I and other cytoskeletal pro-
teins, continue to expand our window onto the work-
ings of the cell’s locomotive machinery.
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Figure 41.6 Dissolution of stress fibres in the presence of kinase inhibitor. Serum-deprived Swiss 3T3 fibroblasts were
microinjected with a rhodamine analogue of myosin II. After 60 min. during which the analogue became distributed through
the cytoplasm, the cell was perfused with 50 pm staurosporine while fluorescence images were acquired at 1 min intervals
using a cooled CCD caimera. Selected images from the sequence are shown with the time in minutes after perfusion indicated
in the upper left. Prior to treatment, myosin IF was located predominantly in stress fibres. Upon perfusion of inhibitor, stress
fibres appeared to dissolve: fluorescence decreased uniformly along the length of the fibres while diffuse cytoplasmic
fluorescence increased until littie or no fibre structure remained.

414 PROTEIN-BASED OPTICAL BIOSENSORS
OF MYOSIN II REGULATORY LIGHT
CHAIN PHOSPHORYLATION

Smooth muscle and non-muscle cells express a myosin
I molecule consisting of a pair of heavy chains that
form two globular head domains (which contain the
actin- and ATP-binding sites), a neck domain {con-
taining the light chain binding sites), and a coiled-coil
tail domain. Non-covalently associated with the neck
are two pairs of light chains — the essential light chains
and the regulatory light chains. The regulatory light
chains undergo covalent, reversible phosphorylation,
which helps to regulate the activity of the myosin
motor domain (reviewed by Sellers & Adelstein,
1987; Moussavi er al., 1993; Sellers & Goodson,
1995). Serine-19, or analogous serine {and sometimes
threonine-18), of the regulatory light chain is phos-
phorylated by the calkium/calmodulin-dependent
enzyme myosin light chain kinase. fn vitro, phosphor-
ylation at this site exhibits several effects on the entire
myosin-II molecule: the actin-activated MgATPase
activity is increased by several hundred-fold; the

protein shifts from a 10S unphosphorylated, folded
conformation to a 68, phosphorylated extended con-
formation; and the phosphorylated 68 particle assem-
bles into bipolar thick filaments. In addition, serine-1,
serine-2 and threonine-9 of the regulatory light chain
can be phosphorylated by phospholipid-dependent
protein kinase C and cyelin-p34°9°2, Phosphorylation
at these ‘inhibitory’ sites decreases the actin-activated
MgATPase activity of myosin II previously phos-
phorylated on serine-19 (by myosin lght chain
kinase), but has little effect on the actin-activated
MgATPase of myosin 11 previously unphosphorylated
on serine-19. Additionally, phosphorylation of serine-
1, serine-2 and threonine-2 decreases the affinity of
myosin light chain kinase for the regulatory light
chain.

Cellular effects of myosin-II phosphorylation have
previously been studied using dilute solution bio-
chemistry or extracted cell models. Recently, phos-
phorylation-specific myosin-II reguiatory light chain
antibodies have been used in fixed cells to study reg-
ulatory light chain phosphorylation in time and space
(Bennett er al., 1988; Matsumura ef af., 998}, These
measurements of the phosphorylation state of cell




populations have provided valuable information
about the regulatory role of this event in vivo, but
these methods can only report the cell population
average. Our laboratory has designed novel, phos-
phorylation-sensitive fluorescent derivatives of myo-
sin IT, with the aim of learning more about how the
temporal and spatial regulation of myosin II contri-
butes to non-muscle cell motility in individual, living
cells. This section describes the design of two fluores-
cent protein biosensors of myosin H that report myo-
sin II activity n sifu or in vivo. One reagent was used
in locomoting and dividing cells to help understand
the contribution of myosin II to these events.

Before we produced a phosphorylation-sensitive
light chain analogue, it was important to establish
that light chains could be fluorescently labelled in
such a way that they would retain nearly native bio-
chemical activity and would incorporate into the myo-
sin IT of living cells. Model studies were carried out
using a turkey gizzard light chain labelled with an
environmentally insensitive dye, tetramethylrhoda-
mine-3,{6)iodoacetamide. This analogue could be
fully phosphorylated ir vitro with myosin light chain
kinase isolated from smooth muscle; the rate of phos-
phorylation was 70% that of unlabelled myosin II.
When injected into live cells, the analogue exchanged
with native myosin II regulatory light chains and
incorporated into actin/myosin-based fibres in both
non-motile and actively migrating cells. The analogue
showed the same punctate, periodic fluorescence pat-
tern that we have observed with the whole myosin II
analogue (Fig. 41.4). Similar results have been
obtained with light chains from striated muscle (Mit-
tal et al., 1987). This in vivo exchange provides a
versatile method for the introduction of light chains
inte myosin IT within live cells. Biochemical studies
have shown that regulatory light chains are function-
ally interchangeable among species.

We have designed two phosphorylation-sensitive
fluorescent biosensors using two different approaches.
Via a molecular genetic approach, a regulatory light
chain was engineered to contain a single cysteine
(residue 18) adjacent to the phosphorylated serine
(residue 19) (Post et al., 1994). This regulatory light
chain was labelled with the pelarity-sensitive fluores-
cent dye acrylodan on the newly inserted cysteine.
Phosphorylation of this labelled tight chain (called
AC-cys18-LC;) by MLCK produces a 60% gquench-
ing and a 28 nm red shift of fluorescence emission.
The labelled, mutant light chain was reconstituted
with smooth muscle myosin IT heavy chains and essen-
tial light chains with an in vitro light chain exchange
procedure of Katoh & Lowey (1989). Biochemical
assays demonstrated that this phosphorylation bio-
sensor retains nearly native levels of rate of phosphor-
ylation, K*ATPase activity, and in vitro motility. The
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acrylodan-labelled mutant light chain was exchanged
into the A-bands of chicken pectoralis myofibrils in
situ to demonstrate the localization and activity of the
biosensor in a highly ordered contractile system.
Fluorometry and quantitative fluorescence micro-
scopic imaging experiments demonstrated a phos-
phorylation-dependent fluorescence change in AC-
cys18-LCyy exchanged myofibrils. Labelled mutant
light chains were also incorporated into stress fibres
of living fibroblasts and smooth muscle cells. This
reagent has been valuable for in vitro and in siru stu-
dies, but severs intracellular quenching has limited its
usefulness for live cell studies.

The second approach employs fluarescence reso-
nance energy transfer between fluorescein-tabelled
regulatory light chains to rhodamine-labelled essen-
tial light chains and heavy chains (Post ef al., 1995).
Native regulatory light chains were labelled at their
single cysteine (cys 108) with fluorescein; these
fabelled light chains were incorporated into the
rhodamine-labelled myosin II analogue (see Section
47.3). The ratio of rhodamine/fluorescein emission
increases by up to 26% with regulatory light chain
phosphorylation by myosin light chain kinase. The
majority of the change in energy transfer is from
regulatory light chain phosphorylation by myosin
light chain kinase (versus phosphorylation by protein
kinase C). Myosin II folding/unfolding, filament
assembly, and actin-binding do not significantly affect
the energy transfer ratio of this biosensor. Treatment
of fibroblasts containing the phosphorylation biosen-
sor with the kinase inhibitor staurosporine produced
a lower ratio of rhodamine/fluorescein emission. This
corresponds to a fower level of myosin II regulatory
light chain phosphorylation and correlates with pre-
viously obtained biochemical measurements of the
state of phosphorylation in these cells (Giuliano ef
al., 1992). This biosensor has been microinjected
into living cells, where it incorporates into stress
fibres. Locomoting fibroblasts containing the biosen-
sor showed a gradient of myosin Il phosphorylation

"that was lowest near the leading edge and highest in

the tail region of these cells, which correlates with
previously observed gradients of free calcium and
activated calmeodulin (Plate 47.1) (Brundage ef af.,
1991; Hahn et al, 1992; Gough & Tayler, 1993).
Note that while phosphorylation is highest in the
rear of the cell, myosin II concentration is low and
actin and myosin IT filament assembly is low (Kolega
& Taylor, 1993; Guiliano & Taylor, 1994; Post et al,,
1995). This suggests that, in the tail region, where
myosin IT is maximally activated, a solation of the
actin-myosin gel occurs to allow for maximum con-
tractility of the activated myosin I motor (Janson &
Taylor, 1993).

Fibroblasts (microinjected with this biosensor)
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undergoing cell division showed a global increase in
serine 19 myosin II regulatory light chain phosphoryl-
ation at anaphase onset. The level of phosphorylation
remained elevated throughout telophase and into
cytokinesis near the equatorial region, while regula-
tory light chain phosphorylation decreased at the
polar regions, creating a bipolar dividing cell {De-
Biasio et al., 1996). At the same time, myosin II-based
fibres shortened in the cleavage furrow. Elevated levels
of phosphorylated myosin II correlated well with
elevated concentrations of myosin II in the cleavage
furrow (DeBiasio et al., 1996). These results suggest
a contractile force at the cell equator may be gen-
erated, at least in part, through activation of myosin
IT {via phosphorylation of serine 19 of the regula-
tory light chain) at the cleavage furrow in conjunc-
tion with deactivation of myosin Il at the polar
regions.

Future myosin I biosensors will combine both the
genetic and the energy transfer approaches. Genetic
engineering will be used to move labelling sites to
maximize detection of a conformational change. We
have demonstrated the feasibility of these approaches
and have provided previously unobtainable informa-
tion about the state of myosin I regulatory light chain
phosphorylation in individual, living motile cells.

41.5 FUTURE STUDIES

Recent developments in design of protein-based indi-
cators hold promise for the observation of a wide
range of protein activities in vive, including protein
conformational changes, post-translational modifica-
tion, and ligand binding. Proteins have evelved to
recognize physiologically relevant molecules with
great specificity, and can be modified to become fluor-
escent indicators of small molecule concentration.
Production of protein-based indicators is currently
being pursued through two routes, using environmen-
tally sensitive dyes or fluorescence energy transfer.
These approaches have complementary strengths
and shortcomings which will determine their applic-
ability in particular situations. Genetic engineering of
analogues will be a key tool, enabling precise position-
ing of attached fluorophores.

The ability to use a single environmentally sensitive
fluorophore, rather than the two dyes required for
energy transfer, will have obvious advantages in
some situations. Maintenance of biological activity
in a small protein (such as calmodulin) will be much
more difficult after attachment of two dyes. Site-spe-
cific attachment of even a single dye is difficult. Intact
biclogical activity will be important in indicators
where biological regulation of ligand affinity is being

studied, as in indicators revealing the regulation of
signalling proteins.

When a protein is modified to become an indicator
of small molecule concentration, intact biological
activity may, in fact, be undesirable. The indicator
should strictly reflect the concentration and distribu-
tion of the target ligand. The indicator’s distribution
and target affinity should not be affected by binding
of other ligands, post-transiational medification, or
other regulatory effects. In such cases, energy transfer
would be more applicable because disruption of cer-
tain protein activities will be desirable. The primary
obstacle to designing useful indicators of small signal-
ling molecules is the unavoidable buffering of these
molecules by the indicator itself. Buffering must be
minimized by loading very small quantities of indica-
tor. This will require development of bright fluores-
cent proteins which show strong fluorescence changes
when binding their targets. Access to practical small
molecule indicators may ultimately depend on the
development of very bright dyes suitable for use in
living cells.

Indicators of protein—protein binding may be more
accessible using currently available methodology. The
high concentrations of some intracellular proteins
permit loading of relatively large indicator concentra-
tions. Indicators of protein-protein binding could be
made by modifying one of the two interacting pro-
teins. Fither solvent-sensitive dyes or energy transfer
pairs could be used to indicate a protein conforma-
tional change induced specifically by the targeted
ligand. It may be possible to make indicators with
great specificity for a single protein-protein inter-
action by placing a different dye on each of the inter-
acting proteins, and monitoring energy transfer as an
indicator of protein binding. This approach will likely
require covalent attachment of the two proteins via a
flexible tether. Without such a tether, the labelled
proteins could bind to unlabglled, endogenous pro-
teins rather than to each other, necessitating the load-
ing of unacceptably large indicator concentrations to
produce detectable energy transfer.

Both energy transfer dyes and environmentally sen-
sitive fluorophores may potentially interact with cel-
lular components to produce artifactual fluorescence
changes. Solvent-sensitive fluorophores can interact
with lipids and hydrophobic proteins, and energy
transfer will be sensitive to microviscosity and factors
influencing dye orientation. Environmentally sensitive
dyes can be designed with a strong affinity for the
fagged protein to avoid artifactual binding fo intra-
cellular components. Meaningful interpretation of
indicator data will require careful standardization of
fluorescence response, both in vitro and when possible
in vivo. Fluorescent calcium indicators have been cali-
brated within living cells using calcium ionophores




and external calcium buffers to control intracellular
calcium {Spurgeon et al., 1990).

Intracellular indicators of protein activity promise
to yield otherwise inaccessible information about
transient protein activity and its regulation in indivi-
dual, living cells. The cell-to-cell heterogeneity
observed in calcium signalling studies suggests that
observation of single cells will be critical in untangling
the complex interactions of signalling proteins (Byron
& Villereal, 1989; Tucker & Fay, 1990). In this and
other areas, fluorescent protein indicators should elu-
cidate protein function in vivo, thus enabling integra-
tion of biochemical data into models of global
function. The regulation of many proteins has to
date been approachable only through observation of
interactions with isolated cellular components. It may
soon be possible to observe proteins regulated by the
full complement of cellular controls, including those
not yet characterized or even postulated.

The most exciting experiments will combine multi-
ple reagents in the same cell or tissue to permit corre-
lations between various parameters in time and space.
Ultimately, we would like to monitor changes in free
calcium, calcium binding to calmodulin, phosphoryl-
ation of myosin II regulatory light chains and myosin
I dynamrics in the same experiment. Therefore, the
optimal combination of reagents and instrumentation
continues to be a great opportunity and challenge.
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